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I
ntracellular redox potential is a highly
regulated state which is critically impor-
tant in cell cycle, differentiation, apopto-

sis, inflammation, toxicity, protein interac-
tions, and signaling.1�5 The disregulation of
cellular redox potential, particularly to pro-
oxidative states, is implicated in the ini-
tiation and progression of several disease
states including cardiovascular disease, neuro-
degenerative disease, and cancer.6,7 Despite
the importance of intracellular redox poten-
tial, its study is severely limited by the lack of
suitable measurement techniques.
Intracellular redox potential is a balanced

state dependent on a variety of factors
including, on one hand, intrinsic and extrin-
sic reactive oxygen species (ROS) and, on
the other hand, a rangeof antioxidantmech-
anisms such as glutathione, thioredoxin,
NADPH, and cellular pH.8 The normal func-
tion of the cell requires that the redox
potentials in cellular organelles are not in
equilibriumwith one another, and while the
hypothetical electrochemical windowof the
cell (determined by NADPH and oxygen)
spans more than a volt, subtle changes in
potential of as little as 60 mV in a particular
organelle may significantly activate a pro-
tein or pathway. As a result, in order to gain
a full understanding of redox potential in
the cell so that it might be modulated for
therapeutic gain, there is a need to measure
intracellular redox potential quantitatively
and with subcellular resolution.7,9

While optical techniques exist which can
give information on localized redox poten-
tial, they suffer from several drawbacks.
Engineered fluorescent protein reporters
can be used to monitor localized redox
potential,10 but they are limited tomeasure-
ments in a narrowpotential window (roGFPs
have standard reductionpotentials between
�290 and�230mV vsNHE)11 and they have

been demonstrated to be insufficiently
stable to oxidation to measure the poten-
tial of endoplasmic reticulum or endosomal
compartments and are thus unlikely to be
useful for studies of oxidative stress.9,11 Pro-
tein engineering offers limited opportuni-
ties for extension to wider potential ranges
compared to small-molecule strategies, and
hence there is a need for complementary
approaches.
Although fluorescent dyes (e.g., dichloro-

fluorescein diacetate12 and hydrocyanines13)
have been developed that report on con-
centrations of particular ROS, these do not
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ABSTRACT

Redox homeostasis and signaling are critically important in the regulation of cell function.

There are significant challenges in quantitatively measuring intracellular redox potentials, and

in this paper, we introduce a new approach. Our approach is based on the use of nanosensors

which comprise molecules that sense the local redox potential, assembled on a gold nanoshell.

Since the Raman spectrum of the sensor molecule changes depending on its oxidation state

and since the nanoshell allows a huge enhancement of the Raman spectrum, intracellular

potential can be calculated by a simple optical measurement. The nanosensors can be

controllably delivered to the cytoplasm, without any toxic effects, allowing redox potential to

be monitored in a reversible, non-invasive manner over a previously unattainable potential

range encompassing both superphysiological and physiological oxidative stress.
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report on the redox state of the cell;only on the rate
of formation of particular ROS, and since they report via
covalent reaction, they are not reversible, so unsuitable
for monitoring. Furthermore, they do not take into
account the mechanisms that the cell naturally puts
into place for detoxification of ROS (e.g., in the presence
of an efficient antioxidant system, a rise in ROSmay not
dramatically impact the redox state of the cell).
Surface-enhanced Raman spectroscopy (SERS) offers

a viable alternative to fluorescence for cellular imaging.
Raman spectroscopy is a technique that allows vibra-
tional modes of individual bonds to be probed opti-
cally and is thus rich in chemical information. While
Raman scattering is traditionally a weak effect, making
it challenging to measure spectra from dilute samples,
Raman spectra/scattering of molecules adsorbed on
nanoscale metal surfaces can be enhanced by up to
14 orders of magnitude, making measurements from
small numbers of molecules achievable. Gold nano-
shells (NS) are a class of engineered nanoparticles
comprising a silica core coated in a thin layer of gold.
NS are ideal substrates for the measurement of SERS in
cells since they exhibit strong, tunable plasmon reso-
nance (the surface-confined effect which gives rise to
SERS enhancements) in the near-IR region where cells
absorb poorly and exhibit low autofluorescence.14

Furthermore, we have demonstrated that NS can be
used for intracellular SERS and neither reduce cell
viability nor cause cell death.15 The utility of SERS for
making intracellular pH measurements has been de-
monstrated by several groups. Furthermore, this ap-
proach has found notable use in the investigation of
endosomal pH dynamics.15�18

In this paper, we report the development of a system
for measurement of intracellular redox potential which
offers significant improvements over the state-of-the-
art. Our system uses gold NS to measure SERS spectra
and as a result is insensitive to quenching. By modify-
ing these NS with molecules whose SERS spectrum
changes depending on oxidation state, we can accu-
rately measure proportions of oxidized and reduced
species and thus calculate the intracellular redox po-
tential. By using these NS in single fibroblast cells,
we have measured the localized temporal response
to both reductive and oxidative stress over a pre-
viously unattainable potential range and correlated
oxidative changes measured during apoptosis with
changes in caspase activity. Using particles has bene-
fits over soluble reporters since particles may be
targeted to, and retained in, cellular compartments
of interest.

RESULTS AND DISCUSSION

Two SERS probe molecules 1,8-diaza-4,5-dithia-1,8-
di(2-chloro-[1,4]-naphthoquinone-3-yl)octane (NQ) and
2-mercaptobenzene-1,4-diol (HQ), were used in this

work (see Supporting Information for synthetic schemes
and characterization data). Both contain quinone moi-
eties and undergo reversible 2 e�, 2 Hþ redox reactions
in buffered aqueous solutions,19 which result in a
change in their structure and hence SERS fingerprint
(Figure 1). In addition to redox-active quinone moi-
eties, a robust strategy has been developed that per-
mits irreversible chemisorption of the SERS probes to
the gold NS.20 Figure 1 shows the structure of the SERS
probe molecules along with their half-wave potentials
(as measured by cyclic voltammetry) and redox reac-
tion schemes.
In order to characterize the oxidation-state-dependent

changes in vibrationalmodes, wemeasured SERS spec-
tra across a range of potentials using SERS spectro-
electrochemistry. In these experiments, HQ-NS or NQ-NS
was first immobilized on the surface ofmicrofabricated
gold electrodes. Using a potentiostat, the potential was
varied and SERS spectra were recorded from the sur-
face of the gold electrodes to ascertain whether
changes in potential could be quantitatively correlated
with changes in the SERS fingerprints of the probe
molecules.
Figure 1B shows SERS spectra of HQ-NS at potentials

from�12 to 370mV vs NHE (pH 7.2). The generation of
predicted spectra using density functional theory (DFT)
at the B3LYP/6-31g(d,p) level facilitates assignment of
observed spectral features to individual vibrational
modes of each molecular species (Tables S1 and S2 in
Supporting Information), and these predicted spectra
show excellent correlation with the observed spectra.
Specifically, several features show a marked potential-
dependent change in intensity and frequency, among
these the peak at 357 cm�1 corresponds to carbon
framework angle bending; the peak at 1263 cm�1

corresponds to symmetric ring breathing; and the peak
at 1585 cm�1, which splits from a singlet to a triplet,
corresponds to the asymmetric ring breathing, CdC
stretching and CdO stretching vibrational modes. When
the normalized intensity of the peak at 357 cm�1 is
plotted against potential, the midpoint potential (at
which equal amounts of reduced and oxidized species
are present) correlates well with the half-wave poten-
tial (determined by cyclic voltammetry, Figure S3); this
further confirms that the SERS measurement reports
accurately on the oxidation state of themolecule. Simi-
lar behavior can be seen for the other main peaks but
since the peak at 357 cm�1 is well-resolved and has
high intensity, we have used it for further quantifica-
tion of redox potential.
Similarly, spectra from NQ-NS recorded between

�394 and �194 mV show excellent correlation with
DFT calculations (Tables S3 and S4), and as expected,
distinct spectral changes as a function of potential
occur atmore reducing potentials than those of HQ-NS.
Vibrational modes which change as a result of oxida-
tion state include the in-planeC�Clwaggingat 280cm�1,
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the doublet at 798�833 cm�1 which corresponds to
aliphatic C�Hwagging and aromatic C�H angle bend-
ing, and the peak at 1577 cm�1 which splits from a
singlet to a triplet corresponding to symmetric ring
breathing, aromatic ring stretching, and CdO stretch-
ing. The normalized intensity of the peak at 1577 cm�1

was chosen for further quantification of redox poten-
tial (Figure 2). Again, these spectra show an excellent
correlation with the half-wave potential (Figure S4),
which confirms that SERS spectra report on the oxida-
tion state of the compound.
A correlation of SERS spectral measurements with

predicted values on the basis of cyclic voltammetry is
shown in Figure 2.
In addition to spectroelectrochemical studies, we

investigated the response of NQ-NS to varying ratios
of cellular redox couples GSH/GSSG, Cys/CySS, and
NADPþ/NADPH (Figure S5). In each case, these cellular
redox couples performed electron transfer to or from
NQ-NS, although in the case of NADPþ/NADPH, only
fully oxidized NADPþ was a strong enough oxidizing
agent to oxidize NQ-NS. This suggests that NQ-NS

measures a cellular redox statewhich takes into account
more than one redox couple.21

Our previous studies using transmission electron
microscopy (TEM) have shown that bare NS are taken
up by NIH/3T3 fibroblast cells in serum-free DMEM
growth media, and that they are principally located in
the cytoplasm, free of lipid coating.15 While the exact
mechanism of uptake remains a subject of investiga-
tion, our previous work has also indicated that uptake
is independent of energy, cholesterol, and clathrin. We
have used the same culture conditions to study uptake
of HQ-NS and NQ-NS by NIH/3T3 fibroblast cells. TEM
(Figures 3A and S6) confirmed that, when modified NS
were taken up under these culture conditions, they
were predominantly in the cytoplasm and neither
encapsulated in vesicles nor coated in lipids. These
findings are in agreement with previous studies of
nanoparticle uptake which found that nanoparticles
can enter cells through a variety of pathways resulting
in accumulation in the cytoplasm and may be linked
to physical factors such as electrostatics or van der
Waals forces.22�24While this finding demonstrates that

Figure 1. SERS Nanosensors: (A) structures, electron transfer schemes, and standard reduction potentials; (B) potential-
dependent changes in SERS spectra.
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correct control of conditionsmay allow nanosensors to
sense cytoplasmic redox potential, targeting to other
organelles is likely to require tuning of the surface
chemistry with small molecules25 or peptides.26,27

Since our goal is to use modified nanoparticles to
monitor changes in redox potential within a cell, it is
important to establish that the introduction of such
particles to the cell does not induce changes in redox
potential. In order to investigate this aspect, we em-
ployed a standard assay of oxidative stress, the DCFH-
DA fluorometric assay, in which the generation of ROS
leads to a measurable fluorescent signal.12 We carried
out this assay on cells which had been incubated
with functionalized NS in serum-free media for 5 h.
Untreated cells (�ve control) and cells which had been
treated with either nanoparticulate zinc (1 mg/mL) or
tertiary butyl peroxide (t-BuOOH) (0.5 mM) (well estab-
lished þ ve controls) were also included for compar-
ison. Results from the DCFH-DA assay clearly show that
while, as expected, Zn and t-BOOH induced a strong
oxidative change in the cells, NS did not induce any
detectable oxidative changes over a 24 h time period

(Figure 3B). The result of this assay confirms that modi-
fied NS do not themselves induce formation of reactive
oxygen species in mouse fibroblast cells. Furthermore,
we carried out assays to measure cellular glutathione
status on the basis of concentrations of glutathione
and glutathione disulfide. Our results demonstrated
that there is no detectable, significant difference in the
percentage of reduced versus oxidized glutathione;
3.1% in untreated cells and 2.8% in nanosensor-treated
cells, confirming that the redox status of the cell is
unperturbed by treatment with nanosensors.
Using both NQ-NS and HQ-NS, cytoplasmic redox

potentials in live cells were measured. Since the laser
focal diameter is 2.1 μm, we can collect spectra with
subcellular resolution since a typical 3T3 fibroblast cell
has a diameter of between 10 and 20 μm. In all cases,
SERS spectra were collected from the cytoplasm of the
cell since our TEM indicates that this is where the nano-
sensors are located. As expected, HQ-NS is fully redu-
ced under conditions of normal cellular physiology
and so can be considered insensitive in this potential
window. However, NQ-NS is approximately 36% re-
duced at resting cellular potential. This correlates with
a potential of �290 mV vs NHE and is in good agree-
ment with previously reported cytosolic potentials
ranging from �315 to �280 mV vs NHE.8 Figure 4A
shows the measured potential of NQ-NS over a 20 min
period and confirms that the potential is not only
invariant while makingmeasurements over this period
but also similar throughout the three independent
measurements made.
Since HQ-NS is sensitive to potentials outside those

found in normal cellular physiology, its utility was
investigated using conditions known to cause oxida-
tive stress in the cell. Oxidative stress was induced
using 2,20-azobis-2-methylpropanimidamide, dihydro-
chloride (AAPH) (30 mM);a membrane permeable
free radical initiator which generates a variety of ROS
species through the oxidative stress pathway and
which is known to cause oxidative damage to lipids,
DNA, and proteins.28 From Figure 4B, it can be seen
that, only 6min after addition of AAPH to tissue culture
media, there is ameasurable change in the cytoplasmic

Figure 2. Redox potential ranges covered by SERS nanosensors. (A) NQ-NS and (B) HQ-NS. Error bars show the standard
deviation of three independent measurements. Points indicate SERS spectroscopic measurements, and solid lines represent
plots of the Nernst equation on the basis of half-wave potentials measured using cyclic voltammetry.

Figure 3. (A) TEMs of nanosensors in 3T3 fibroblast cell. (B)
Oxidative stress measured over 24 h using DCFH-DA assay:
untreated cells (solid bar), cells incubatedwith nanosensors
(diagonally striped bar), Zn þ ve control (checkered bar),
t-BOOH þ ve control (vertically striped bar).
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redox potential. The measured potentials are signifi-
cantly more oxidative than those within the redox
buffering range of the glutathione system, indicating
that this degree of oxidative stress leads to an irrever-
sible perturbation of the cell potential beyond that of
its natural antioxidant system. Generation of super-
oxide by AAPH and its subsequent conversion to
hydrogen peroxide (by SOD) are both known to pro-
ceed with rate constants in the order of 109 M�1 s�1. It
is therefore likely that the rapid formation of hydrogen
peroxide leads to complete oxidation of the cell's
quota of glutathione resulting in a fast change in
intracellular redox potential as observed here.
In order to maximize the potential range over which

we canmonitor, we combined the reductive sensitivity
of NQ-NS with the oxidative sensitivity of HQ-NS and
carried out a series of measurements under both
oxidative and reductive stress. The combination of
NQ-NS and HQ-NS means that the cytoplasmic poten-
tial can be monitored across a total of 450 mV, a
previously unattainable range in a rapid and reversible
manner with a gap of ca. 200 mV between the two
sensors (Figure 5). This functional range encompasses
the hypoxic conditions in which tumors reside in order
to avoid cell deathmechanisms at one extreme and the
oxidative conditionswhich are associatedwith a variety
of inflammatory and degenerative disorders and ulti-
mately cell death at the other. For comparison, roGFP
can monitor from approximately �325 to �195 mV.11

Upon addition of 1 mM dithiothreitol (DTT), a mem-
brane permeable strong reducing agent,29 reductive
changes in the cell are measurable after only 1 min.
After 4 min, NQ-NS is fully reduced, indicating that the
potential is at least �350 mV. AAPH (added at 8 min)
induces an oxidative change in the cell which can
initially be quantified through monitoring the SERS
spectrum of NQ-NS. Oxidative changes aremeasurable
at 13 min, and the cytoplasm becomes progres-
sively more oxidative to the extent that NQ-NS is
fully oxidized (17 min, redox potential = �208 mV), at
which point further oxidative changes can be moni-
tored using HQ-NS. The data from HQ-NS show an

increasingly oxidative environment and also an in-
creased rate of oxidative change, which is to be ex-
pected since this potential region is beyond the “redox
buffering” capacity of the GSH/GSSG pair. By 20 min,
HQ-NS is fully oxidized, indicating that the potential is
at least 250 mV vs NHE and maintains this status
throughout the remainder of the experiment. Control
experiments using DTT and AAPH in tissue culture
media (without cells) show no significant changes
to NQ-NS or HQ-NS spectra, confirming that neither
reagent reacts in an irreversible manner with either
nanosensor. Furthermore, both NQ-NS and HQ-NS are

Figure 4. (A)NQ-NS as a sensor for normoxic cellular potentialmeasurements. (B) HQ-NS as a sensor of oxidative stress caused
by AAPH. Solid squares indicate potentials where HQ-NS is fully oxidized. Error bars indicate the standard deviation of
potentials calculated from spectra recorded during three independent experiments.

Figure 5. (A) Intracellular redox potential measurements
using both NQ-NS and HQ-NS during addition of DTT and
AAPH. Shaded areas indicate the areas of the electrochemi-
cal window in which NQ-NS and HQ-NS are sensitive.
White squares represent points in which NQ-NS is fully
reduced and therefore insensitive to further reductive
changes, and black squares represent points in which
HQ-NS is fully oxidized and therefore insensitive to further
oxidative changes. (B) Representative spectra from single
cells.
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fully oxidized under ambient conditions, demonstrat-
ing that the cell is more reducing than the ambient
environment.
It is notable that spectra collected show good

resolution and have no measurable contribution from
spectra of other cellular constituents. This is similar to
results found when using SERS tomeasure intracellular
pH15 and probably reflects the large difference in
Raman cross section between the reporter molecules
and biomolecules such as proteins and nucleic acids
and also the greater proximity of the reporter mole-
cules to the surface compared to other components of
the cell. On the basis of TEM experiments, we believe
that these spectra are generated by either small ag-
gregates or single NS (Figures 3 and S6), and since our
redox potential measurements depend on the ratio of
peak intensities and not on absolute intensity, they are
insensitive to aggregation.
While the above data demonstrate the utility of HQ-

NS and NQ-NS to monitor superphysiological stresses,
we have also used NQ-NS to measure the oxidative
changes which occur in cells as a result of apoptosis
(physiological programmed cell death). Apoptosis was
induced with hydrogen peroxide at a concentration
(500 μM) which we determined to be cytotoxic using
an established apoptosis assay, and both redox poten-
tial and activity of caspases 3 and 7 were monitored.
Caspases 3 and 7 are key proteolytic effectors of mito-
chondrial and receptor-mediated apoptosis, whose
activity is regulated by upstream oxidative changes
to caspase 9.30,31 Hydrogen peroxide is the cell's most
abundant and longest lived ROS and is considered to
be an important physiological signaling molecule.2

Figure 6 demonstrates that the intracellular redox
potential became progressively more oxidative over
the 7 h immediately following treatment with hydro-
genperoxide and that the oxidative changes correlated
with an increase in caspase 3 and 7 activity. A control

population of cells, untreated with hydrogen peroxide,
underwent no statistically significant oxidative changes
over the same time scale. These measured changes in
redox potential are in agreement with measurements
of apoptotic potentials made using an assay based on
measurement of glutathione oxidation.8 The data in
Figure 6 demonstrate the correlation between redox
potential, protease activity, and cellular phenotype and
underline the critical interplay between redox potential
and physiological processes.

CONCLUSIONS

The data presented here demonstrate an optical
nanoscale device for monitoring intracellular redox
potential which has significant advantages over estab-
lished techniques. The devices which we have devel-
oped report on their local environment, and since the
vibrational modes of both the oxidized and reduced
forms of the small-molecule reporters are represented
in the SERS spectrum, the relative proportions of oxi-
dation states can be determined in order to quantita-
tively calculate the redox potential using the Nernst
equation (Figure 2). The ability to quantitatively mea-
sure the electrochemical conditions inside the cell is a
distinct advantage over the majority of fluorescent
alternatives which measure relative amounts of ROS
through irreversible covalent reactions which (usually)
increase their fluorescence. It is worth noting that,
similar to roGFP, electron transfer in both NQ-NS and
HQ-NS is coupled to proton transfer, which makes the
equilibrium position sensitive to changes in pH. Our
approach to monitoring redox potential is entirely
complementary to a previously reported SERS ap-
proach to pH measurements using small-molecule-
decorated NS, and we have previously demonstrated
its utility for cellular measurements.15,16 While the
TEMs in Figures 3 and S6 demonstrate that, using our
current conditions, we can selectively deliver nanosen-
sors to the cytoplasm, we believe that there is con-
siderable scope to tune the particle size and surface
chemistry in order to study the effects of redox dis-
regulation in other organelles.32�35 In the develop-
ment of new sensing modalities, it is important to
establish that the act of making a measurement does
not unduly perturb the cell. We have used a variety of
assays to establish that these nanosensors which we
have developed for intracellular use are nontoxic,
previously demonstrating that they do not perturb cell
viability or induce cell death.15 In this paper, we have
also shown, using two independent assays of oxidative
stress, that the nanosensors do not induce oxidative
changes (Figure 3B); this is further supported by our
intracellular spectroscopic measurements which show
that intracellular redox potential is invariant through-
out a period of regular monitoring (Figure 4A). While
certain nanomaterials, such as titanium dioxide fibers

Figure 6. Intracellular potential measurements and caspase
activity from mouse fibroblast cells undergoing hydrogen
peroxide induced apoptosis. Diamonds represent potential
measurements, and columns represent measurements of
caspase 3/7 activity. Error bars in potential measurements
represent the standard deviation across 10 single-cell mea-
surements, and error bars in caspase activity represent
standard deviation across 10 replicate wells.
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and long carbon nanotubes,36 are known to cause toxi-
city to cells and animals, gold nanoparticles have been
used therapeutically since the 1930s as a treatment for
rheumatism, and it is therefore not surprising that gold
NS appear to be similarly nontoxic. The two sensors
demonstrated here cover a large potential range, and
they respond to intracellular changes in a fast, rever-
sible, and reproducible manner capable of monitoring
superphysiological and physiological changes including
those associated with caspase activation and apoptosis.
While the potential window covered by these sensors

is significantly larger than that covered by fluorescent
proteins, there is a need for further sensors sensitive in
other parts of the cellular electrochemical window. In this
regard, an advantage of using small organic molecules
rather than proteins is that their standard potential can
be tuned relatively easily andpredictably using a rangeof
standard synthetic modifications. We are currently inves-
tigating this approach. Furthermore, an advantage of
usinga sensorwhich is notgenetically encoded is that it is
less likely to suffer fromdegradation by proteolysis and is
more amenable to use for in vivo imaging.

EXPERIMENTAL METHODS
Spectroelectrochemistry and Solution Studies. 3-Mercatopropio-

nic acid (2 μL of a 5 mM ethanolic solution) was deposited
on the surface of gold microfabricated electrodes which were
incubated overnight at rt. The electrodes were carefully rinsed
with water and allowed to dry at room temperature. Aqueous
EDC solution (2 μL of a 24 mM solution) was then deposited on
the surface of the electrodeswhichwere incubated for 30min at
room temperature. The electrodes were again rinsed carefully
with water and allowed to dry at room temperature. Poly-L-
lysine solution (2 μL of a 0.1% (w/v) solution) was then depos-
ited on the surface of the electrodes which were incubated for
6 h at room temperature. After this time, NS (2 μL of a 10 fM
solution) were deposited on the electrodes which were sub-
jected to a further wash�dry step. SAMs of the quinone deri-
vatives were formed on the NS by pipetting 2 μL of aqueous
solutions of HQ or NQ onto the NS. As with the cyclic voltam-
metry, solutions of NQ were incubated with 5 mM TCEP. All
electrodes were then carefully rinsed with water in order to
remove any loosely adsorbed molecules and left to dry at room
temperature. Once functionalized with HQ and NQ, the gold
microfabricated electrodes, along with a coiled platinum wire
(0.1 mm diameter) serving as the auxiliary electrode and coiled
silver wire (0.5mmdiameter) serving as the reference electrode,
were connected to a portable potentiostat. The pseudorefer-
ence electrode was calibrated using potassium ferricyanide and
found to have a potential of 258 mV vs NHE; all measured
potentials were calculated vs NHE for consistency. The elec-
trodes were inserted into a 20 mL glass Petri dish which was
charged with phosphate buffer (0.1 M, pH 7.5, 0.1 M KCl). SERS
spectra were then recorded at varying potentials. SERS spectra
were acquired over 10 s and between a Stokes Raman shift
range of 200�1800 cm�1. The same electrodes were used for
studies using solutions of redox couples in solution. In this case,
the electrodes were not connected to a potentiostat, and SERS
measurements were made while incubating the electrodes in
solutions in which the ratio of reduced versus oxidized forms
was varied. Solution measurements were carried out in phos-
phate buffer (100 mM, pH 7.2).

Cell Culture. NIH/3T3 mouse fibroblast cells were cultured in
Dulbecco's modified Eagle's medium (DMEM) supplemented
with penicillin/streptomycin (10 000 units/mL), L-glutamine
(200 mM), and 10% heat-inactivated calf serum (CS). Cells were
incubated at 37 �C and 5% CO2 in a humidified incubator.

Intracellular SERS Experiments. Cells were seeded at around
50% confluence on 25 � 25 � 1 mm quartz coverslips (UQG
Optics Ltd., UK) and incubated overnight at 37 �C and 5%CO2 in
a humidified incubator in CS-free media. Functionalized NS
were added to serum-free DMEM (to a final concentration of
10 fM) and were taken up by the cells over a 5 h incubation.15

Nonadsorbed NS were removed by washing in PBS. Spectro-
scopic studies were carried out in a temperature-controlled
sealed cell in which cells were covered in DMEM. In order to
induce oxidative stress in cells, 2,20-azobis-2-amidinopropane
(AAPH) was introduced into the media at a concentration of
30 mM. In order to induce reductive changes in cells, dithiothreitol

(DTT) was introduced into themedia at a concentration of 1mM.
In order to induce apoptosis in cells, hydrogen peroxide
(500 μM) was introduced into the media for between 1 and 7 h
incubations. The cytotoxicity of this dose of hydrogen peroxide
was determined using the Apopercentage assay (Biocolor
Lifescience). For intracellular studies with HQ-NS, SERS spectra
were acquired over 30 s between a Stokes Raman shift range of
190�790 cm�1. All spectra were processed using WIRE 2.0
software. For intracellular studies with NQ-NS, SERS spectra
were acquired over 30 s between a Stokes Raman shift range
of 1340�1840 cm�1. For both nanosensors, fluorescent back-
grounds were minimal and corrected using a simple baseline
correction. All spectra were processed using WIRE 2.0 software.

SERS Microscopy. All SERS spectra were recorded with a
Renishaw inVia Raman microscope Raman spectrometer. A
785 nm diode laser with ∼6 mW power at the sample was
used along with a 50� Olympus long working distance
objective (NA = 0.45) to focus laser light onto the sample.
The focal diameter was 2.1 μm. NS were purchased from
Nanospectra Biosciences, Inc. and had a 125 nm silica core
and a 25 nm gold shell thickness.

TEM Microscopy. Cells were grown to confluence on Agar
Scientific Thermanox coverslips (10.5 � 22 mm) and were
incubated overnight with NS (10 fM) in CS-free media. The cells
were washed three times with PBS and were fixed for 2 h in 3%
(v/v) glutaraldehyde in 0.1M sodium cacodylate buffer. The cells
were then washed three times with 0.1 M sodium cacodylate
buffer, followed by post-fixation overnight with 1% (w/v)
osmium tetroxide in 0.1 M sodium cacodylate buffer. The cells
were washed with 0.1 M sodium cacodylate buffer, then
dehydrated with acetone (50�100% in steps of 50, 70, 90,
and 100%) and then infiltrated and embedded in epoxy resin.
Ultrathin sections of the sample were taken using a diamond
knife. The sections were positioned on grids and stained with
2% aqueous uranyl acetate. The grids were then examined and
photographed at an accelerating voltage of 80 keV in a CM120
Biotwin (Philips) transmission electron microscope connected
to a digital camera.

Assays of Oxidative Stress. A 96-well plate divided into four
sections (untreated cells, 1500 NS/cell, t-BOOH þ ve control,
and Znþ ve control) was seeded at a density of 12 000 cells per
well in DMEM supplemented with penicillin/streptomycin
(10 000 units/mL), L-glutamine (200 mM), and 10% CS. The cells
were grown to 60% confluence overnight, the medium was
changed to2%CSDMEM, and the cellswere left to growovernight.
Themediumwas removed, and the cells were washed three times
with PBS. Phenol-red-free DMEM 0% CS (100 μL) was added to
each well along with DCFH-DA (100 μL of a 40 μM solution). The
plate was incubated at 37 �C and 5% CO2 in a humidified
incubator for 30min. Sample solutions (blankmedia, NS (10 fM),
t-BOOH þ ve control (1 mM), and Zn þ ve control (1 mM) (200
μL)) were added to the wells containing cells. Fluorescence
measurements were taken over a 24 h period at intervals of 0, 1,
2, 3, 4, 5, 6, and 24 h using a BioTek Synergy HT plate reader
(excitation 485/20, emission 530/25 nm). Glutathione and pro-
tein levels were calculated, in triplicate, from the cytosolic
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extracts of NIH/3T3 mouse fibroblast cell populations grown in the
wells of a 96-well plate at a density of 12000 cells/well. The pro-
ceduresoutlinedby Teitze andSmith et al.were followed inorder to
determine cellular glutathione and protein levels, respectively.37,38

Caspase Assays. Caspase 3/7 activity was measured using
Apo-ONE homogeneous caspase-3/7 assay from Promega.

NS Functionalization. NS were functionalized via overnight
incubation of 1 mM solutions of HQ and NQ at room tempera-
ture. Solutions of HQ were aqueous, whereas NQ were water/
EtOH mixtures (9:1) and contained 5 mM TCEP. All NS were
washed twice with deionized water after functionalization.
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